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a hydrophilic patch amidst a hydrophobic environment on 
the other. Two pairs of carefully aligned EW electrodes 
are used: one for drop adherence and another one for the 
subsequent release. We demonstrate these operations and 
discuss the required voltage signals in terms of the forces 
on the drop. Finally, we discuss possible steps for further 
improvement in the device.
Keywords Microfluidics · Wetting · Electrowetting · Lab-
on-a-chip · Lab-in-a-drop
1 Introduction
Microfluidics—in particular droplet-based microfluid-
ics—has become a very popular tool since its advent in 
the 1980s. Advantages include miniaturization, paralleliza-
tion and compartmentalization, which—together with high 
speeds and the ability of upscaling—result in cost reduc-
tion and enable the use of statistical analysis (Casadevall 
i Solvas and deMello 2011; Seemann et al. 2012). Great 
examples of the use of microfluidics are large-quantity 
emulsification (in food processing), inkjet printing and 
whole genome sequencing. (Calvert 2001; Margulies et al. 
2005; Nisisako and Torii 2008).
One of the key application areas in microfluidics is bio-
medical diagnostics (Guo et al. 2012; Song et al. 2006; 
Theberge et al. 2010). In this field, challenges arise in com-
bining material properties with biochemical molecules and 
in the detection of small quantities of analyte in complex 
samples. In particular, the analysis of individual cells has 
become a topic of interest (Takinoue and Takeuchi 2011).
The most common detection techniques are optical or 
electrical (Erickson et al. 2008; Kuswandi et al. 2007). 
The dominant technique remains the fluorescence assay. 
Abstract In two-phase flow microfluidics, there is an 
increasing interest in technologies which enable the encap-
sulation of biological cells into aqueous drops and the 
subsequent study of their molecular (excretion or lysis) 
products. One not yet available but very promising analy-
sis method is the use of biospecific surface patches embed-
ded in the wall of microfluidic channels. In this paper, we 
tackle some technological challenges encountered in the 
development of such applications. In the detection proto-
col, each drop must be enabled to wet the designated patch, 
be held in contact long enough for biomolecular detection 
and subsequently be released. This is engineered via a com-
bination of well-defined chemical sites in the walls of the 
flow channel and insulated microelectrodes. The tunability 
of the local electric field allows to modify the competition 
between chemical (pinning) forces which tend to immobi-
lize the drop and hydrodynamic forces which oppose this 
process. We developed a prototype microfluidic device 
which offers this functionality. A channel structure is sand-
wiched between an actuation surface with electrowetting 
(EW) electrodes on one side and a detector surface with 
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However, the need to label with (large) fluorescent mol-
ecules can influence the chemical process under analysis. 
For this reason, several non-labeling techniques for affinity-
based pathogen sensing have been developed (Mairhofer 
et al. 2009). One of these techniques is surface plasmon 
resonance imaging (SPRi). SPRi measures the change in 
refractive index which occurs when antigens from the water 
phase specifically bind to antibodies which are printed on 
gold (Rich and Myszka 2007; Stojanovic et al. 2014).
Continuous water flow SPRi has been proven capable of 
detecting and quantifying excreted molecules from single 
cancer cells over a period of 10 h (Stojanovic et al. 2015). 
For practical application, it is preferable to do the analy-
sis in a shorter time. The problem here is the dilution of 
the analyte in the fluid phase. This implies that, by using 
microfluidics to create small droplets (<100 pL), SPRi 
could be capable of quickly measuring the excreted pro-
teins of individual cancer cells.
While conventionally used for continuous flow meas-
urements, SPR has previously been combined with droplet 
microfluidics. One thing must be noted: by using protocols 
involving individual droplets that have to perform com-
plicated tasks, a manipulation method is required. Many 
methods have been developed (Chen and Jiang 2012; Cho 
et al. 2003; Pit et al. 2015b). For combination with SPR, 
pneumatic membrane valves (Luo et al. 2008) and elec-
trowetting-on-dielectric (EWOD) (Malic et al. 2009, 2011) 
have been used.
A key obstacle for the further development of these 
promising droplet-based SPR experiments is that once the 
aqueous droplet interacts with the (hydrophilic) biomol-
ecules on the substrate, the pinning force may be so strong 
that the droplet cannot be removed again. This issue has so 
far been mitigated by using relatively large droplets com-
pared to the hydrophilic patch size. When using 100-pL 
droplets, however, and keeping in mind that the technique 
of SPRi requires gold patches to be at least in the order of 
tens of microns (Yeatman 1996), the size of patch and drop-
let is practically equal. This underlines that important cases 
exist, in which the problem of the strong pinning force can-
not be circumvented by using larger droplets; another strat-
egy is needed.
We are particularly interested in the combination of 
droplet-based microfluidics with SPRi for diagnosis of var-
ious excreted products of an individual cancer cell, while 
the droplet is still in flow. Key challenges are: (1) droplets 
have to be held in place at a detection site long enough for 
analysis and (2) they have to be released and transported 
to the next measurement site. For the trapping of droplets, 
passive (Bithi et al. 2014; Fradet et al. 2011) and active 
(de Ruiter et al. 2014; Leung et al. 2012) methods have 
been developed. For active release, the options are mainly 
restricted to using higher flow rates, of which the pressure 
changes can be impractical, e.g., for droplet generation, in 
microfluidic chips.
In this paper, we explore a new method for control-
ling both the adherence and the detachment of droplets on 
designated hydrophilic patches inside a microfluidic chip. 
Here, the droplets are in the pL size regime, and ambi-
ent oil is used to isolate and transport the droplets. These 
design aspects are very well suited for applications with 
individual cells in drops; not only are the dimensions in 
the proper range, but also the use of an oil flow meets the 
practical requirements very well: Droplets can be generated 
and sorted at high rates (Baret et al. 2009; Pit et al. 2015a; 
Schmid et al. 2014), and both losses of water and biomol-
ecules to the environment are minimized. This high-speed 
droplet generation and screening are, for instance, required 
for isolating circulating tumor cells, of which a patient has 
very few.
The key novelty is the design of a multifunctional chip 
that contains hydrophilic patches amidst a hydrophobic 
environment and two sets of insulated electrowetting elec-
trodes for drop manipulation. Multiple challenges were 
overcome with regard to fabrication, material properties, 
alignment and sealing. Several micro- and macro-fabrica-
tion techniques are combined and developed, which are 
explained in detail.
Besides the design and fabrication of the chip, the theory 
of the relevant forces is described. The forces are calculated 
and compared to experiments involving the trapping of 
droplets, the pinning of a droplet to the hydrophilic patch 
and the subsequent release from the patch by the secondary 
electrode pair.
2  Device concept
Our final, envisioned device will incorporate a drop gen-
erator, cell sorter (Pit et al. 2015a) and various storage and 
detection arrays, as shown in de Ruiter et al. (2014). Here, 
we focus on overcoming the difficulties that result from 
working with wetting defects. The principal features of our 
method are illustrated in Fig. 1. Each pair of EW electrodes 
separated by a narrow gap serves as an energy well for the 
aqueous drop, where the depth of the well (or equivalently 
the attractive force) can be controlled via the voltage dif-
ference between the two. When properly designed, droplets 
can be manipulated by the electrodes without the need to 
change the oil flow rate.
Two key issues have to be addressed:
1. The thin oil film between droplet and channel wall
 A stationary droplet in oil will wet a substrate to obtain 
an equilibrium contact angle. However, when a droplet 
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flows in oil (in an oil-wetting channel), a thin oil film is 
present between the droplet and the wall. This means 
that a droplet flowing over a hydrophilic patch will be 
lubricated by a thick oil film. It will most likely not 
feel the presence of that patch and pass without being 
trapped. We therefore use a pair of electrowetting elec-
trodes to trap the droplet above the patch until the oil 
film breaks up.
2. The competition between electrowetting, pinning and 
drag forces
 Before the oil film can break up, the droplet first has to 
be trapped above the patch. Therefore, the electrowetting 
(trapping) force will have to be stronger than the viscous 
drag force due to the flowing oil. Once the droplet has 
spread over the hydrophilic patch, the pinning force has 
to be stronger than the drag force. In this way, the drop-
let can be passively held in place. Finally, to remove the 
droplet from the patch, the combination of electrowet-
ting pulling (by activating the electrodes downstream of 
the patch) and the drag force together need to exceed the 
pinning force to release the drop (see Fig. 1).
 For creating a microfluidic prototype, we focus on 
solving the aforementioned issues. We have previously 
shown that electrodes are capable of trapping droplets 
in oil flow (de Ruiter et al. 2014), and thus, it makes 
sense to use electrodes as the active force for holding 
a droplet in flow, until it wets the hydrophilic patch. 
Likewise, a second pair of pulling electrodes (together 
with the oil drag) should be capable of pulling the 
pinned droplet off the patch.
3  Materials and methods
3.1  Motivation of design choices
A thin oil film between electrode and droplet can actively 
be broken up using electrowetting (Staicu and Mugele 
2006). However, SPR requires a flat substrate with few 
refractive index changes. It is preferred to apply gold (and 
chromium) directly to glass, without a layer of electrodes, 
insulator, or hydrophobicity in between or on top. For this 
reason, it was decided to make a two-sided microchip and 
to make the two-sided modular. The actuation chip half 
contains the electrode geometries aligned to a thin slab of 
PDMS, which forms the (open) microchannel and simul-
taneously functions as the insulating layer required for 
electrowetting. The sensing chip half consists of a hydro-
phobized glass slide with inlets and small hydrophilic 
gold patches, which resemble printed antibodies as used in 
SPRi.
This modularity increases the universality of our micro-
fluidic device, where the two chip halves are individually 
replaceable. Modularity also makes integration of the elec-
trode and open-channel chip with other existing diagnos-
tic tools easier. Changing from a one-sided to a two-sided 
device does, however, require a completely new fabrication 
protocol. Instead of attaching a PDMS channel to elec-
trodes already insulated by PDMS (Pit et al. 2015a), we 
now create a thin slab of PDMS functioning as microchan-
nel and insulator in one. This slab is directly spun, aligned 
and cured atop the electrode structure, as explained in the 
following sections.
Eventually, a fabrication protocol was developed that 
incorporates all the chip requirements and results in nearly 
perfect chip alignment without failure.
3.2  Materials
An overview of the microfluidic device is given in Fig. 4. 
Upstream, a flow focusing device (FFD) allows for con-
tinuous or on-demand generation of droplets. The water 
phase is phosphate-buffered saline (PBS, σ = 15 mS/cm). 
The continuous phase, controlled by a syringe pump, is 
light mineral oil (μ = 31.5 mPas), which wets both the 
PDMS and Cytop well. By applying a controlled pressure 
pulse (voltage, duration) to the water phase, it is possible 
to create droplets on demand with a radius ranging from 15 
to 40 μm. Applying a continuous higher pressure allows to 
generate uniform droplets continuously at 0–300 Hz rates.
The electrode geometry consists of only three large elec-
trodes of which one is grounded, and the other two can be 
grounded or active (see Fig. 4d and Online Resource 1). 
These three electrodes form five consecutive areas where 













Fig. 1  Schematic overview of the desired functionality of a micro-
chip where a droplet interacts with an antibody-covered gold patch 
while in oil flow and with electrodes for holding a drop, and pulling 
it off
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a droplet can be trapped and released. Each structure has 
two functions. The first electrode pair is designed for tem-
porarily trapping the droplet. The second electrode pair is 
designed for release of the droplet from the hydrophilic 
patch.
The gold patches are located with the same pitch as 
between the electrode structures and at the same dis-
tance from the inlets. Since the powder-blasted inlets are 
∼500 μm in diameter, this allows plenty of error for the 
final alignment of the gold patches to the electrode geom-
etry, which does have to be precise.
3.3  Electrowetting actuation surface (fabrication)
The actuation chip half consists of a glass substrate with 
ITO-patterned electrodes, a PDMS insulating layer and 
microchannel. The fabrication process is schematically 
shown in Fig. 2. Firstly, the mold for the channel is created. 
A 52 μm layer of SU8 is spun over a silica wafer. Using 
standard photolithography, the shape of the inversed chan-
nel surrounded by support pillars is soft-baked, exposed to 
UV and cross-linked. Before dissolving the uncured SU8, 
a secondary layer of 3 μm SU8 is spun over the first layer. 
For this second layer, only the pillar structures next to the 
channel are exposed and cross-linked. After developing 
the uncured SU8, a mold is left with a 52-μm high chan-
nel structure surrounded by support pillars that are 3 μm 
higher. The mold is then coated with a monolayer of FOTS 
by vapor deposition under vacuum. This ensures hydropho-
bicity and facilitates easy removal of the cured PDMS layer 
from the following process steps.
Next, a 58-μm layer of PDMS with 10:1 PDMS:curing 
agent (Sylgard 186) ratio is spun over the mold ensuring 
a slight excess of PDMS covering the channel and pillars. 
Using a homebuilt stereomicroscope, which includes 2 
translational stages (x, y, z), 1 rotational stage and vacuum 
suction to hold both the upper and lower substrate in place, 
the PDMS-covered mold is placed atop a Peltier element 
on the microscope and is subsequently aligned to a sub-
strate with patterned ITO electrodes. The ITO pattern con-
tains—besides the electrowetting electrodes—alignment 
markers which follow the exact shape of the channel to aid 
in the alignment process (see Online Resource 1a).
The Peltier element, mold and electrodes are pressed 
together on the stereomicroscope, taking care not to encap-
sulate air bubbles in the corners of the microchannel. Since 
the PDMS is still liquid, an accidental imperfect alignment 











Fig. 2  Fabrication steps of first chip half. a Start with hydropho-
bized SU8 channel mold atop silica. b Spin slight excess of PDMS 
over channel and pillars. c Align ITO electrodes with the channel 
and press together. d Use Peltier element to cure PDMS at 70° for 
2 h. e Remove the mold to be left with ITO electrodes, covered by 











Fig. 3  Fabrication steps of second chip half. a Start with glass slide 
with powder-blasted inlets. b Spin and cure 1 µm of Cytop. c Use 
shadow mask to burn away patches of Cytop with O2 plasma. d Sput-
ter gold. e Remove mask and place substrate in 2 % 11-mercaptound-
ecanol (MUA) to hydrophilize the gold patches. Rinse with ethanol 
to remove excess MUA and be left with a hydrophobic substrate with 
hydrophilic gold patches
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and rotational stages of the alignment microscope. Lodged 
on the microscope, the Peltier is now set to 70 °C for 2 h 
to ensure the PDMS is fully cured. Since the PDMS bonds 
covalently to the glass and ITO electrodes, whereas the 
mold is coated with FOTS, the two substrates are effort-
lessly separated after curing, allowing the mold to be 
reused. Because the support pillars of the mold around the 
channel are 3 μm higher than the channel, the electrodes 
are covered by a 3-μm layer of PDMS, which is needed as 
insulation for electrowetting. The final actuation chip half 
consists of a glass substrate with electrode pattern, insulat-
ing layer and aligned channel.
3.4  Functional patch surface (fabrication)
The sensing chip half consists of a hydrophobized glass 
substrate with hydrophilized gold patches and comprises 
access holes for the liquids. The fabrication process is sche-
matically shown in Fig. 3. Firstly, tapered access holes for 
the water and oil inlets and the outlet are powder-blasted 
in a glass wafer. The access holes are temporarily closed 
off by scotch tape, and 1 μm of Cytop is spun on the oppo-
site side. Putting the wafer in the oven at 80 °C for 30 min 
ensures the solvent is evaporated. Then, the oven is set to 
180  for 90 min, which ensures the glass transition tempera-
ture of Cytop is reached, creating a solid hydrophobic layer 
of homogeneous thickness. The oven is allowed to slowly 
cool down to room temperature to prevent cracks forming 
in the Cytop layer. A shadow mask with square holes, cre-
ated by KOH etching of a silicon wafer, is aligned with the 
access holes. The glass wafer and shadow mask are placed 
in a reactive ion etching (RIE) machine where the Cytop 
is etched by O2 plasma at the locations where eventually 
the hydrophilic patches will be in the microchannel. Then, 
chromium (5 nm) and gold (100 nm) are sputter-depos-
ited atop the mask. The mask is removed leaving behind 
∼45 × 45 μm square patches of gold on glass surrounded 
by Cytop. The substrate is diced in individual chips. These 
chips are put in a 1 mM solution of 11-mercaptoundecanol 
(MUA) in ethanol for 30 min, which creates a covalently 
bound hydrophilic monolayer on the gold patches. The 
chips are flushed with ethanol and dried with nitrogen. The 
final sensing chip half consists of a glass substrate with 
microfluidic access holes, a completely hydrophobic Cytop 
coating, except for the gold patches which are coated with 




































Fig. 4  a Schematic side view of the microfluidic chip after alignment 
of the two chip halves. b Overlay of the different mask designs for 
the microchannel mold (green, blue), electrode geometry (red) and 
gold patches (yellow). c Photograph of the microfluidic chip atop the 
microscope. d Microscope view of the microchip. e Overview of the 
microchannel design. See Online Resource 1 for all cleanroom masks 
(color figure online)
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3.5  Chip assembly
The stereomicroscope is used to align the two chip halves 
so the hydrophilic gold patches are centered between the 
trapping and release electrodes. While the connection 
between PDMS and Cytop provides enough friction to pre-
vent lateral movement after alignment, there is no chemical 
bonding between the PDMS channel and the Cytop. As an 
advantage, the chip halves can still be separated and rea-
ligned if alignment is not satisfactory. On the other hand, 
to prevent leaking of the microchannel, neodymium mag-
nets are used on all sides of the microchannel that press the 
chips together.
For connecting tubing to the inlets, a PDMS block with 
punched holes is used. The PDMS block and microchip are 
treated by oxygen plasma for 30 s and then immediately 
brought together to form a permanent seal. The tubing can 
be directly pressed into the access holes for a leak-free con-
nection. Finally, electric wiring is glued to the electrode 
patches using silver glue, as seen in Fig. 4c.
4  Theory
In our microfluidic device, there are three important forces 
acting on the droplets: the electrostatic, drag and pinning 
force. Estimations of these forces have been presented pre-
viously (Cavalli et al. 2015; de Ruiter et al. 2014; t Man-
netje et al. 2014), and we give only a short synopsis here.
4.1  Electrostatic forces
The electrostatic force, also named electrowetting or 
dielectrophoretic force, originates from the difference in 
capacitive energy when the material between two elec-
trodes is displaced by another material with higher per-
mittivity (a larger dielectric constant). In our microfluidic 
channel, it is a conductive aqueous droplet that displaces 
the oil, while it spreads over two co-planar electrodes. For 
simplicity, we ignore the electrostatic energy when oil is 
between the electrodes. Then, the electrostatic energy that 
is gained when a conductive droplet displaces the oil is 
given by the capacitance of, and voltage applied over, the 
dielectric layer of PDMS atop the electrodes (t Mannetje 
et al. 2013):
with ǫ0ǫr the permittivity of PDMS, d the thickness of 
the PDMS layer, A1 and A2 the position-dependent areas 
the droplet covers over the grounded and active elec-












electrostatic force is the derivative of the change in energy 
with respect to position, with a maximum given as:
with a a geometrical factor depending on electrode geom-
etry and R the droplet radius. The direction of the electro-
static force is as follows: when a droplet covers two elec-
trodes of different potential, the force is directed toward 
the gap between the electrodes. When a droplet is pushed 
off the electrodes by, for instance, drag, the electrostatic 
force will oppose this motion.
4.2  Hydrodynamic drag force
The hydrodynamic drag force Fd on a stationary drop can 
be estimated by modeling the drop as a (cylindrical) pil-
lar with no-slip boundary conditions in an infinitely wide 
channel. Since the drop diameter is about one-sixth of the 
channel width we chose to neglect the effect of the chan-
nel walls on the drag force. This yields (de Ruiter et al. 
2014):
with μ the viscosity of the oil, uoil its velocity, R the pil-
lar (i.e., drop) radius, h the channel height, and K1 and 
K2 modified Bessel functions of the second kind with 
q = 2
√
3R/h. We also assume a constant oil velocity in 
the center region of the channel.
4.3  Pinning force
The pinning force originates from a difference in wettabil-
ity where a droplet interacts with the substrate. A droplet 
will prefer to be present on a hydrophilic patch, and thus, 
a force will be required to remove the droplet from this 
patch. This force can be estimated as (Cavalli et al. 2015):
with γwo the water–oil interfacial tension (∼50 mN/m), 
θphobic and θphilic the Young angles on the hydrophobic 
Cytop, and the hydrophilic patch, respectively, and Ap the 
position-dependent area of the droplet overlapping the 
patch. Assuming the droplet completely covers the entire 
width of the patch at some point, the maximal pinning 
force becomes:


















(4)Fwet = −γwo ·
(





(5)Fwet,max = γwo ·
(
cos θphilic − cos θphobic
)
· w
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5  Results
5.1  Droplet trapping
In the first set of experiments, we use a microfluidic device 
containing the actuation surface but not the patch surface 
to study the electrostatic trapping of droplets, against the 
drag force. The oil flow rate is maintained at 400 μL/h, and 
the water pressure is set to continuously generate droplets 
of R ∼ 30 ± 4 μm. The EW voltage U was increased from 
50 to 250VRMS, while the AC frequency was kept at 4 kHz. 
At increasing voltages, droplets are trapped and will coa-
lesce with consecutive droplets (see also Fig. 6a and Online 
Resource 3) until the hydrodynamic drag force exceeds the 
trapping force and the droplet is pulled off. The radius R∗ 
of these droplets was measured downstream of the trapping 
site and is plotted against U2 in Fig. 4.
The graph shows that below 130 V, the droplets do not 
get trapped, although a reduction in the droplet velocity 
while passing the electrodes is observed. At 140 V, primary 
droplets are trapped if the electrodes are not yet occupied. 
When a secondary droplet arrives, an instantaneous coales-
cence occurs, after which the merged droplet is released. 
This can be understood from a shift in the force balance: 
The drag force increases more strongly with increasing 
drop radius than the electric trapping force. Further raising 
the voltage from 140 to 190 V, we see a linear increase in 
R∗ with the (mean) squared voltage. This is in good accord-
ance with the theory, which predicts that the drag force 
scales as R2, while the maximal electrostatic force scales as 
RU2. Since a droplet should be released when Fd > Fel,max, 
the slope in the green region R
∗
U2
 in Fig. 5 should roughly be 
constant.
To analyze the force balance in more detail, we calcu-
lated the electrostatic and viscous forces for those (coa-
lesced) droplets that are on the brink of being dragged off 
the electrodes. The drag force was obtained from Eq. (3), 
by inserting the half width of the (slightly deformed) drop 
for the radius R. The electrostatic force was calculated 
numerically, since the analytic Eq. (2) (right-hand side) 
considers neither the gap between the electrodes, nor the 
electrode shape explicitly. Using image analysis, we first 
extracted the shape of the droplet, the electrode geometry 
and the areas A1 and A2 of the trapped drop on the active 
and ground electrodes. This allowed to calculate the elec-
trostatic energy from Eq. (1). Then, we determined the 
local energy landscape, by artificially moving the droplet 
shape over the electrode geometry (a few pixels back and 
forth in the flow direction). This enabled us to obtain the 
electrostatic force (see Online Resource 2), by taking the 
numerical derivative as in Eq. (2).
The results are presented in Table 1. Even though we 
should expect the forces to be nearly equal (the drag force 
should only be slightly favored), it turns out that (for all 
Fig. 5  Radius of the droplets 
after interaction with the (the 
first pair of) trapping electrodes 
at potential U. The yellow 
region corresponds to primary 
droplets passing the electrodes. 
In the green region, drops are 
trapped, and consecutive drops 
coalesce with the trapped 
droplet until the drag force 
overcomes the electrostatic 
force. Also, the actual applied 
voltage and the average amount 
of droplets trapped are given 
for the first four measurements 
in this region. In the red region 
(corresponding to EW numbers 
≥2.9), saturation occurs, a com-
mon observation in electrowet-
ting (color figure online)















140V | 2 drops
150V | 2.9 drops
160V | 4 drops
170V | 5.6 drops
Electrowetting number η (-)
*
0 0.2 0.4 0.6 0.8 1
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four cases) the calculated electrostatic force is a factor 3 
larger than the calculated drag force. Given the approxima-
tions in the theory and slight errors in input parameters, this 
systematic deviation is to be expected.
Besides the linearity between R* and U2, the green 
region of Fig. 5 also shows the ability to coalesce 2, 3, 4 
or 5 droplets at the trapping electrodes. Compared to other 
methods for electric field-induced merging of droplets (Gu 
et al. 2011; Schoeman et al. 2014), our technique has two 
advantages: The number of coalescing droplets is flexible 
and can be controlled via the voltage, and the droplets do 
not need to reach the electrodes simultaneously: The first 
droplet is simply trapped and waits for the consecutive 
droplet(s) to merge, after which the final drop is released 
automatically (see Online Resource 3 and 4).
For voltages above 190 V, a saturation effect is observed: 
Raising the voltage further does not seem to increase the 
electrostatic (trapping) force. This is a common occur-
rence in EW, where the three-phase contact line becomes 
unstable as the electric field strength increases near the 
sharp contact angle (Mugele and Baret 2005). Charges—
attracted to the interface by the electric field—start repel-
ling each other so strongly that small (charged) satellite 
droplets are ejected from the mother droplet. This behav-
ior was also observed in our experiments, at voltages above 
190 V, and specifically when the droplet was dragged off 
the electrode (the electric field is strongest at that point). 
Electrowetting phenomena are generally mapped using the 
EW number η = ǫ0ǫrU2/2dγ (Mugele and Baret 2005), 
with γ the oil–water interfacial tension (50mN/m). Since 
Table 1  Calculated maximal electrostatic and drag forces on trapped 
droplets at increasing voltages U and the corresponding radii R
U (V) R (µm) Fel (µN) Fdrag (µN)
140 34 0.85 0.26
150 42 1.4 0.37
160 44 1.6 0.42
170 52 2.2 0.59
180 58 2.3 0.73
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Fig. 6  Microscopic top view of the steps during trapping and release 
of a droplet on a hydrophilic patch. Oil flow rate (285 μL/h). a Trap-
ping of droplets with electrodes (300 V, 4 kHz). Four consecutive 
droplets coalesce to form a larger droplet. b The electrodes are turned 
off. The droplet now slowly spreads over the hydrophilic patch. c 
The release electrodes are activated (300 V, 50 Hz), and the droplet is 
pulled off the patch. Hereafter, the droplet oscillates at 50 Hz between 
the electrodes. d Schematic representation (top and side views) of the 
experiment. In the side views, the droplet gets trapped by electrodes, 
wets the patch, remains adhered to the patch after the trap is switched 
off and gets pulled off the patch by electrodes. A high-speed video of 
the experiment can be viewed in Online Resource 6
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our geometry uses two co-planar electrodes, it is com-
mon to use a correction factor of 1
4
 in the definition of η to 
account for the reduced voltage at each electrode contact 
η = ǫ0ǫrU
2/8dγ . This quantity is plotted as the upper axis 
in Fig. 5. The regime where our experimental data level 
off corresponds to η ≥ 0.7. Note, however, that the actual 
‘effective’ voltage is higher if the overlap area between the 
drop and two electrodes is not symmetric (t Mannetje et al. 
2014).
Another observation at these high voltages is that wet-
ting defects (locations where droplets tend to adhere with-
out control) are formed in the direct vicinity of the elec-
trodes. Since we did not observe any signs of dielectric 
breakdown (such as gas bubble formation), we consider it 
most likely that these defects occur because water is pulled 
into the porous PDMS layer, displacing oil which previ-
ously filled the PDMS.
5.2  Droplet wetting the patch
In the following experiments, the two-sided chip as 
described in Sect. 2 was used, containing electrode struc-
tures for EW trapping and release of droplets on one side 
and hydrophilized gold patches on the other. Droplets of 
phosphate-buffered saline were generated on demand using 
pressure pulses. After setting the flow rate of the mineral 
oil to 285 μL/h, the potential of the trapping electrodes 
was adjusted to 300 VRMS to ensure a stable trapping. The 
requirement of a higher voltage (compared to the trapping 
experiments in Fig. 5) indicates that the dielectric layer 
was thicker this time (see our earlier remarks). The AC fre-
quency of the applied voltage signal was 4 kHz.
In the absence of a trapping voltage, the droplets flow 
past the patch without showing any visible change in 
shape or velocity (see Online Resource 5). Apparently, the 
aqueous droplets do not have enough time to ‘sense’ the 
hydrophilic patch and squeeze out the hydrodynamically 
entrapped oil. This confirms that the trapping electrodes are 
needed to force the drop into direct contact with the sensing 
patch. The electrostatic trapping of droplets proceeds in a 
similar way as with the other chip: as long as the maximum 
electrostatic force (∝R) remains larger than the drag force 
(∝R2), the generated droplets keep collecting and merging 
at the trap (see Fig. 6a). Due to the use of pressure pulses, 
the primary droplets now had a radius R ∼ 16 μm. Up to 7 
primary droplets could be collected in this way.
It turned out that for droplets with R ∼ 32µm, a trap-
ping time of a few seconds was sufficient to achieve wet-
ting of the patch. This was not directly visible on the micro-
scope, but became apparent after grounding both trapping 
electrodes: The droplet was not picked up by the flow, but 
did undergo a small downstream displacement. In this pro-
cess, the droplet slowly increased its coverage of the patch 
until it was complete. The droplet then remained stuck to 
the patch, indicating that the pinning force was larger than 
the drag force (see Fig. 6b and Online Resource 6).
5.3  Droplet pull‑off
To detach the drop from the wetted patch, we employed 
the second set of EW electrodes (situated on the right-hand 
side of the patch in Fig. 6a). As in the previous experi-
ments, the oil flow rate was kept constant at 285 µL/h. Ini-
tially, we applied a similar AC voltage signal as for trap-
ping (300 V, 4 kHz). Here, we observed that, although the 
droplet did get deformed as the EW force pulled on the 
droplet, it remained stuck on the patch (not shown). This 
indicates that the pinning force is so strong that it can even 
resist the sum of the electrostatic and drag forces.
In most EW applications, the AC frequency is chosen 
to be high (>1 kHz). This serves to ‘shake’ the contact 
line of the drop and hence facilitate depinning (Li and 
Mugele 2008), without causing a vigorous center-of-mass 
motion. Since the droplets could not get released at 4 kHz, 
we explored a much lower frequency, expecting that this 
would result in a mechanical excitation of the entire drop-
let which was also sufficiently prolonged to allow a large 
displacement per half cycle. Choosing the frequency well 
below that of the mechanical droplet resonance retains the 
advantage of AC signals, while effectively presenting a DC 
signal: The droplet has enough time to adapt to the slowly 
changing voltage. This also means that the highest effective 
voltage is now the peak voltage itself, instead of the RMS 
voltage, which is √2 times smaller.
Indeed, application of an AC frequency of 50 Hz 
resulted in stronger deflections of the contact line; close 
inspection of video frames taken at 7000 fps revealed that 
the right-hand side contact line of the droplet showed peri-
odic motion in the direction of the activated electrodes. The 
frequency of this oscillation was 100 Hz, in agreement with 
expectations: Within each AC cycle, the condition where 
the two electrodes have the same potential occurs twice. A 
few cycles were sufficient to release the drop. As a mecha-
nistic explanation, we propose that the sinusoidal deflection 
of the contact line (see Fig. 6c) at the lower side of the drop 
is transmitted to the upper side, resulting in depinning from 
the patch. The release process is also illustrated in Fig. 6d.
Remarkably, just after being released from the patch, the 
droplet oscillates at 50 Hz between the active and grounded 
electrodes (see Online Resource 6). Since the EW/DEP 
electrostatic force depends on the square of the applied 
potential, it would shake the droplet at 100 Hz. Moreo-
ver, this force would tend to center and stretch the droplet, 
which is also in contradiction with the observations.
Coulomb forces caused by a (positive or negative) net 
charge of the droplet would produce an alternating motion 
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at the frequency at which the electrode potentials are 
switched between positive and negative and thus produce 
the observed 50 Hz. Since no indications were obtained 
that the droplets were charged during trapping and pinning, 
the implication would be that charges are introduced during 
the interaction with the pull-off electrodes. The formation 
of charged droplets by EW electrodes is known to occur 
in scenarios where the droplet is so quickly split into two 
parts, that the separated (counter) charges residing near the 
two EW electrodes do not have sufficient time to recom-
bine (Baret and Mugele 2006). Thinking along this line, it 
might be that during the detaching of the drop, a tiny aque-
ous volume (too small to observe microscopically) with 
a residual charge is left behind (with the counter charge 
residing in the released drop). Another possibility would be 
that electrically charged satellite droplets are ejected from 
the main droplet, similar to our observations at high volt-
ages in Sect. 5.1.
For a typical experiment as shown in Fig. 6, the relevant 
forces can be estimated, using Eqs. (3) and (5) for the drag 
and pinning forces, and a numerical calculation of the elec-
trostatic force (see Online Resource 2). Additional meas-
urements were done to complete the set of input parame-
ters: a flow velocity uoil of 8.5 mm/s (approximated at the 
centerline of the channel), an oil–water interfacial tension 
γow of 50 mN/m, a patch width of 45 μm and water con-
tact angles on the Cytop θphobic of 160
o and a receding angle 
on the MUA θphilic of 50° (see Online Resource 7). This 
resulted in:
These numbers, which have to be considered as crude esti-
mates, corroborate that the maximum electrostatic force is 
larger than the drag force, and that droplets can be trapped 
with electrodes. Similarly, the pinning force is found to be 
larger than the drag force, in agreement with our observa-
tion that droplets remain on the patch in spite of the flow. 
Finally, the resultant force of the drag and electrowetting is 
about as large as the pinning force, explaining the difficulty 
in removing the droplet from the patch.
6  Discussion
6.1  Fabrication
In the search for a microfluidic device that contains elec-
trodes as well as hydrophilic patches, many different fabri-
cation protocols have been explored. Finally, we have found 
a protocol that—with some practice on the experimenter’s 
side—generates a well-aligned, bi-functional, two-sided 
microchip nearly every time. Several key aspects to this 
improved fabrication process have to be mentioned. First, 
Fd ≈ 0.33µN, Fwet ≈ 3.6µN, Fel,max ≈ 3.2µN
the use of 3-μm-higher pillars around the channel mold 
automatically ensures the presence of a thin dielectric layer 
of PDMS atop the electrodes. This simplifies the process 
and saves time and effort compared to other protocols to 
create a thin, homogenous dielectric, like separately spin-
ning a PDMS layer, evaporating parylene-c, or dip coating 
Teflon AF atop the electrodes. Second, since the electrodes 
and channel are pressed together with liquid PDMS, the 
mold and electrodes can be moved with respect to each 
other even after pressing them together. This ensures a 
near-perfect alignment. Specifically, because, third, the 
in situ curing of the liquid PDMS by use of a Peltier ele-
ment on the stereomicroscope ensures that the chip halves 
do not misalign before curing is complete (for instance, 
during transport to an oven). Fourth, by using Cytop as 
a sturdy hydrophobic material for the hydrophilic patch 
side, instead of, for instance, Teflon AF, it is now possible 
to use a shadow mask without damaging the hydrophobic 
layer. This simplifies the local removal of Cytop by oxy-
gen plasma and the sputtering of gold, without the need for 
additional photolithographic steps. Also, the specific bond-
ing of mercaptoundecanol to gold allows to rinse the Cytop 
effortlessly, creating a hydrophobic substrate with low con-
tact angle hysteresis around the hydrophilic patches. The 
elasticity of the 55-μm PDMS layer allows to seal the chip, 
as long as pressure is applied homogeneously around the 
channel. For ease of use, in this setup, magnets provided 
this pressure, which formed a leak-free seal for the oil flow 
rates and oil type used in this paper.
6.2  Operation
As for qualitative functionality, the microchip worked as 
expected. Trapping electrodes are needed to allow for the 
passive breakup of the thin oil film and attachment of the 
droplet to the hydrophilic patch. Even though this process 
takes less than a few seconds, other applications might 
require wetting to occur faster. In that case, it would be 
possible to place the hydrophilic patch on the electrode 
chip half. The electrostatic force would then actively pull 
the droplet toward the hydrophilic patch, ensuring an active 
squeeze-out of the oil film within several milliseconds (Sta-
icu and Mugele 2006).
After the droplet wets the patch, the pinning force is 
larger than the drag force, as indicated by the fact that the 
droplet in flow remains on the patch for prolonged periods 
of time. This also confirms the need for release electrodes 
to pull the droplet off the patch.
The trapping/pinning/release experiments were success-
fully performed multiple times for droplets consisting of 
2, 3, 4 and 5 merged primary droplets. Using just one pri-
mary droplet only succeeded if the droplet was not given 
enough time to completely spread over the patch. We can 
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explain this by the fact that the pinning force for a drop-
let spread over the patch is determined by the width of the 
patch (independent of droplet size), while the electrostatic 
and drag force are determined by the radius of the droplet. 
Likely due to the non-optimal choice of electrode geom-
etry, it proved to be impossible to drag the droplet from the 
patch using high-frequency actuation only. The shift to a 
low-frequency actuation signal finally enabled the release 
of droplets of radius 19–31 μm from the patch.
The novel functionality of our device has several advan-
tages over previous combinations of electrowetting and 
SPR. Compared to only using electrowetting for all droplet 
manipulations (Malic et al. 2009), the addition of two-phase 
flow microfluidics helps in the release of a droplet from a 
patch. Furthermore, microfluidics enables the high-speed 
generation of picoliter-sized droplets (Pit et al. 2015b), 
which, for instance, can contain single cells (Chabert and 
Viovy 2008). These small volumes are required to quickly 
reach sufficient concentrations of cell-excreted molecules 
inside the droplets to enable SPR detection.
We supply formulas for the estimation of the forces 
related to our work, which are helpful guidelines for 
designing a microfluidic chip combining wetting patches 
and electrowetting.
7  Conclusions and outlook
We successfully designed and fabricated a multifunctional, 
two-sided microchip capable of forcing picoliter-sized 
droplets to adhere to an artificial wetting defect and there-
after controls the release of the droplet to flow toward a 
next measurement site. This demonstrates the capability of 
our technique for future implementation with measurement 
techniques that require surface molecular interaction.
In the trapping experiments, we observed that the EW 
and drag forces scale in the expected way with electric 
field and drop radius. Although quantitative agreement 
with the used (approximative) theoretical expressions is not 
achieved, large enough EW trapping forces could be gener-
ated, by adapting the voltage to the drop size and flow rate.
Under (our) flow conditions, wetting of the hydrophilic 
patch by the aqueous drop does not occur spontaneously, 
even though it is thermodynamically favored. This is 
ascribed to the presence of an oil film, which does not have 
sufficient time to be squeezed out. However, using EW 
forces, it was possible to hold the drop long enough under 
the patch, for wetting to occur.
The pinning forces from the patch turned out to be 
strong enough to resist the drag force and hence immo-
bilize the drop. Pull-off from the patch could be achieved 
with the designated electrodes, however, not via EW alone. 
This can be rationalized with our approximate calculations, 
which indicate that the pinning and EW forces are of com-
parable magnitude. This limitation is, however, not inher-
ent. It could be overcome via an improved design of the 
electrode geometry.
In the current design, only three electrode connections 
were used to create multiple trapping and release sta-
tions. This is efficient, but also poses limitations to the 
EW force. Use of individually addressable electrode pairs 
(see Fig. 6d) per trapping and release geometry would take 
away this limitation.
Our device should be well suited for studies of cells 
in droplets (or cell supernatants) with SPRi, where it is 
desirable to perform multiplex analysis of the same drop-
let on subsequent sensor patches, and to reuse the chip 
after replacement of either actuation or detector surface. 
Exchange of O2 and CO2 produced by the cell during this 
time is favored by the relatively large amount of oil sur-
rounding the drops. Enhancement of the throughput could 
be achieved via parallelization, i.e., the use of multiple 
traps side by side. This is straightforward to accomplish, as 
we have previously shown in de Ruiter et al. (2014), where 
droplets were laterally guided and trapped atop multiple 
arrays of electrodes. This principle can be adapted for the 
use of multiple trapping and release geometries as well.
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